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ABSTRACT: Due to their diameter, of only 24 nm, single
microtubules are extremely challenging to image without
the use of extrinsic contrast agents. As a result, fluorescence
tagging is the common method to visualize their motility.
However, such investigation is limited by photobleaching
and phototoxicity. We experimentally demonstrate the
capability of combining label-free spatial light interference
microscopy (SLIM) with numerical processing for imaging
single microtubules in a gliding assay. SLIM combines four
different intensity images to obtain the optical path length map associated with the sample. Because of the use of
broadband fields, the sensitivity to path length is better than 1 nm without (temporal) averaging and better than 0.1 nm
upon averaging. Our results indicate that SLIM can image the dynamics of microtubules in a full field of view, of 200 × 200
μm2, over many hours. Modeling the microtubule transport via the diffusion-advection equation, we found that the
dispersion relation yields the standard deviation of the velocity distribution, without the need for tracking individual tubes.
Interestingly, during a 2 h window, the microtubules begin to decelerate, at 100 pm/s2 over a 20 min period. Thus, SLIM is
likely to serve as a useful tool for understanding molecular motor activity, especially over large time scales, where
fluorescence methods are of limited utility.
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INTRODUCTION

Microtubules are elements of the cytoskeleton with very
interesting, incompletely understood dynamic properties.1−9

Beside their structural role in the cell, microtubules also act as
roadways for molecular motor-mediated intracellular traffic10,11

and play a crucial role in chromosome segregation during
mitosis.12,13 Due to their ubiquitous role in the cellular
cytoskeleton, microtubule malfunction has been associated
with various illnesses, from cancer14 to Alzheimer’s disease.15

Studying dynamic single microtubules is challenging due to
their minute tubular structure, 24 nm outer diameter, 12 nm
inner diameter, with lengths of up to tens of microns.16 Most
commonly, they are visualized using immunofluorescence.17

Fluorescence techniques have enabled a number of break-
through discoveries related to the nanoscale dynamics of
microtubules and their associated molecular motors.18−23 In
particular, fluorescence speckle microscopy has been employed
successfully to study tubulin dynamics.24,25 Still, fluorescence
imaging continues to be limited by phototoxicity,26 which
affects cell function, and photobleaching,27 which narrows

down the window for continuous imaging to several minutes. In
this context, fluorescence-free imaging methods have been
developed in parallel for studying microtubules. For example,
early on, Inoue et al. developed a polarization-based method to
image the mitotic spindles of large cells,28 and Svoboda et al.
used optical tweezers to discover kinesin’s moving steps.29

These methods demonstrated that scattering contrast can
provide sufficient sensitivity for studying single microtubules,
without the drawbacks due to fluorescence. However, they are
not without limitations: birefringence-based measurements
require polarization optics, are extremely sensitive to alignment,
and do not always yield the required sensitivity for single
microtubule imaging; optical tweezers typically rely on high
optical power, which may result in thermal artifacts and the
need for a micron-sized probe. More recently, Andrecka et al.
have used an interferometric scattering technique to image
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microtubule transport.30 Such interferometric scattering sys-
tems,31 reminiscent of reflection interference contrast micros-
copy, rely on the interference32 between the waves scattered by
the structure of interest and those reflected by the substrate. As
a result, the interference detected lacks control over the
amplitude and phase of the two interfering fields, which
essentially results in low fringe visibility and, thus, a low signal-
to-noise ratio.
In response to these challenges, we propose a different

approach that allows for single microtubule imaging, without
labels, over arbitrary time scales. Importantly, our method is
“full-field” and, thus, yields nanoscale-sensitivity imaging over
extremely large fields of view, 200 × 200 μm2 on our camera,
which is orders of magnitude larger than what can be achieved
via scattering reflection measurements. Our method relies on
spatial light interference microscopy (SLIM),33−35 which is a
highly sensitive form of quantitative phase imaging,36 and time-
axis numerical processing to significantly increase signal-to-
noise. In essence, SLIM combines phase contrast microscopy
with holography,37 to yield optical path length (or delay) maps
associated with light transmitted through transparent structures.
The signals are very sensitive to the object structure, down to
the subnanometer scale. SLIM is capable of an acquisition rate
of up to 16 four-megapixel phase images per second. We apply
SLIM to continuous quantitative data in gliding assay
experiments over time scales from milliseconds to days,
which is impossible to achieve using fluorescent techniques.
Because the microtubule images are quantitative, meaning that
the signal values are constant throughout the experiment, we
show that the time-lapse data can be translated into dynamic
light scattering results.
We measured the dispersion relation associated with the

spatiotemporal fluctuations due to microtubule gliding, i.e., the
temporal bandwidth vs spatial frequency. Our results indicate
that the dispersion relation is consistent with deterministic,
active transport. The values for the standard deviation of the
velocity were extracted quantitatively, and the results matched
well those obtained by manually tracking each microtubule. We
observed that, by monitoring microtubule transport continu-
ously over long durations, it is possible to recover a constant
deceleration of 100 pm/s2 over more than 20 min. This
dispersion-relation phase spectroscopy (DPS) approach is an
efficient means to study microtubule transport, as it provides
robust information about the velocity distribution, intrinsically
averaged over the ensemble of tubes within the field of view.

RESULTS AND DISCUSSION
Our imaging system (Cell Vista SLIM Pro, Phi Optics, Inc.) is
depicted in Figure 1a and described in more detail elsewhere
(see refs 35 and 38 and Methods). Briefly, SLIM is
implemented as an add-on upgrade unit to an existing phase
contrast microscope. The idea is to turn the phase contrast ring
of the microscope objective into a tunable phase shifter, such
that the phase between the incident and scattered light can be
controlled. While in phase contrast the phase shift introduced
by the ring is fixed at π/2, in SLIM, we acquire four intensity
images, corresponding to the 0, π/2, π, and 3π/2 phase shifts.
As a result, the amplitudes of the scattered and incident light
are decoupled, and the phase shift map due to the microtubules
is retrieved (see Methods).
We applied SLIM to image single microtubules in gliding

assays,39 which are a valuable tools for studying molecular
motor activity in a highly controlled manner. The microtubule

gliding assay reveals how efficiently different motors work
together,40 as well as the effect of various microtubule binding
drugs and post-translational modification on the gliding velocity
of kinesin.39,41

Figure 1b illustrates how the microtubule slides on a
substrate covered with kinesin molecules (see Methods for
details on sample preparation). We imaged microtubules, with
and without biotin labels, gliding on kinesin for 320 s, at an
acquisition speed of 6.5 frames/s, and repeated the experiments
3 times. Due to the large field of view, many individual tubulin
structures can be monitored at the same time. We note that our
system is capable of acquiring a maximum of 16 SLIM images
per second. However, to increase signal-to-noise, we chose a
lower rate of 6.5 frames/s.
Remarkably, the phase shift associated with a single

microtubule is of the order of 1 mrad, which yields a refractive
index of 1.475 (see Methods for the scattering calculations
based on the first Born approximation). Such small phase
values are measurable in SLIM because of the white light
illumination, which averages out the speckles in the background
and, thus, yields very high spatial sensitivity. Figure 2a−d
underscores the improvement that SLIM brings over a typical
phase contrast image. Because each SLIM image is the result of
combining 4 intensity frames, much of the background noise,
due to, for example, residues and substrate imperfections, is
subtracted out very effectively. Specifically, the amplitude
modulation in the phase contrast image (Figure 2a) is largely
removed in the SLIM image (Figure 2b, d). Simply put,
incoherent contributions to the imaging field are insensitive to
phase-shifting and are not registered in the interferometric
image. The maximum SLIM frame rate is limited by the liquid

Figure 1. The optical system and assay. (a) In SLIM, the phase shift
between transmitted and scattered light is modulated with a phase
mask externally matched to the conjugate plane of the objective
(red component). The setup is attached to the output port of a
conventional microscope. (b) In a typical gliding assay, micro-
tubules (MTs) are pushed by surface attached motor proteins. The
gliding velocity of the microtubules provides a measure of the
protein’s motility. See Methods for a detailed description of the
components, along with the gliding assay protocol.
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crystal modulator to approximately 15 frames/s, corresponding
to a 60 Hz frame refresh rate.
It is the pure phase information, proportional to the

refractive index of the structure, that allows us to image
microtubules indefinitely, from milliseconds to hours. This
particular advantage is illustrated in Figure 3, where we
compare fluorescence and SLIM imaging of the same
microtubules. Note that SLIM perfectly overlays with the
fluorescence channels of the microscope such that we can easily
image the same structure with both modalities. To minimize
photobleaching, the fluorescence shutter was closed between
frames. Nevertheless, after 3 min of imaging, the fluorescence
signal photobleached, and the image faded away. On the other
hand, using SLIM, we imaged continuously the same
microtubules over the entire period, without a decrease in
contrast.
In order to demonstrate the ability of SLIM data to provide

quantitative information about the microtubule motility, we
manually tracked a large number of them, both tagged with
biotin and untagged. We computed a number of parameters
that characterize the motility: speed, direction of motion, and
distribution of velocity. Figure 4 summarizes these results. First,
we found that the velocity distributions agree with previous
reports (see, e.g., ref 42). Furthermore, we found that the lower
microtubule speeds were associated with “curvier” trajectories,
as defined by the variance of the direction of the velocity. It is
rather interesting that the mean-speed to mean-angle change
ratio is approximately constant. This is consistent with a
constant momentum transfer in the transverse direction from
the substrate to the microtubule, as follows. Consider the inset
of Figure 4f, indicating the momentum conservation during an
event that causes a direction change. This change in angle is
due to a transverse momentum contribution due to the
molecular motors, p. Assuming that during this interaction, the
initial velocity, v1, and final velocity, v2, are different in only

Figure 2. SLIM enhances phase contrast microscopy. (a) Phase
contrast frame used in the SLIM interferometric reconstruction
process. (b) By eliminating the light outside of the coherence gate,
the SLIM system performs implicit background subtraction. The
amplitude modulation pointed by the red arrow in (a) completely
disappears in (b). Further, phase objects that are submerged under
an incoherent background such as the single microtubule (green
arrow) become clearly visible. (c, d) Images shown in (a) and (b)
are spatial high-pass filtered and temporal averaged (see Methods
for details of the procedure).

Figure 3. SLIM enables continuous observation without photobleaching. (a) Fluorescence microscopy image, using the HiLyte 488 dye. Note
that a descending microtubule is not visible due to photobleaching (arrow). (b) SLIM images of the same field of view. (c) For easier
visualization, the SLIM sequence was filtered with a spatial high-pass filter and with a rolling 5-tap median temporal filter (see Methods for
details). This averaging scheme is implemented in real-time in our acquisition system. The corresponding videos can be found in the
Supporting Information, Videos 1, 2, 3, 4, and 5.
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direction and not magnitude, |v1| = |v2| = v, the conservation of
momentum requires that p = 2mvsin (Δα/2), which implies Δα
≈ p/mν ∝ 1/v. Thus, our measurements suggest that, on
average, the change in direction is consistent with a constant
momentum transfer from the molecular motors in the
substrate.
We next turn to the investigation of possible effects of biotin

tagging on microtubule kinetics by comparing the angle change
and velocities between tagged and untagged microtubules.
Analyzing the angle change parameter (Δα) with a Mann−
Whitney U test,43 we see that there is little difference between
tagged and untagged microtubules (p = 0.66). At a first glance,
the mean gliding velocities appear separated into two
categories; motivating us to bin the experimental runs into
velocities with mean v1= 0.4 μm/s and v2= 0.6 μm/s. Using
another Mann−Whitney U test, we find that for the slow
category, v1, there appears to be a velocity increase with tagging
(p = 0.0052), while for the faster category, v2, there appears to
be a decrease (p = 6.75 × 10−8). We conclude that the
difference between experimental runs was too significant to
support a conclusion regarding the influence of tagging on
microtubule motion (see Section 2 of the Supporting
Information for details).
While tracking individual tubes is effective, this procedure is

extremely tedious. Therefore, we tested whether DPS can be
applied to such extremely weak scatterers.44,45 DPS was
developed to study intracellular mass transport and proved to
be a valuable tool to distinguish between diffusive and
deterministic transport.44 The principle of DPS relies on the
quantitative data provided by QPI and on modeling the

transport using a diffusion-advection equation (see SI for
details) and describes transport phenomena that are subject to
both diffusion and drift. The resulting dispersion relation has
the form:

Γ = Δ +q vq Dq( ) 2
(1)

where Γ is the decay rate (temporal bandwidth) associated with
the spatial mode q, D is the diffusion coefficient, and Δv is the
width of the velocity distribution. Figure 5 shows the DPS
procedure for analyzing full-field, time-lapse SLIM images of
microtubules. First, we take the 2D Fourier transform of each
image. From the time-lapsed spatial Fourier transform, we
calculate the temporal bandwidth at each spatial frequency, q.
This 2D map, Γ(q), incorporates frequency information from
the entire 3D data set. Assuming isotropy, the 2D map can be
further azimuthally averaged to obtain a 1D function, Γ(q),
with q = |q|. As shown in Figure 5, fitting the linear portion of
these plots with eq 1 yields, Δv, the width of velocity
distribution. We collected images over 100 min and found that,
after approximately 20 min, the value of Δv considerably
decreases linearly in time, most likely due to ATP depletion.
This result indicates that, in time, the velocity distribution
narrows down, i.e., the probability of having high speeds
decreases. This linear decrease with time results in a constant
deceleration, computed to be approximately a = 100 pm/s2.
Note that this subtle change in velocity with time could not be
easily measured with fluorescence imaging, as photobleaching
sets in after 2−3 min of continuous imaging.
It is remarkable that the SLIM images can be interpreted in

terms of angular scattering representation. Measuring angular

Figure 4. Single microtubule tracking analysis. (a) Representative fields of view used to track microtubules, for tagged and untagged
preparations, as indicated (each field of view spans 200 × 200 μm2). (b) Histogram of the angular change in direction associated with the
leading end of individual microtubules; histograms correspond to the fields of view in (a). (c) Histogram of speed distributions for the
different fields of view shown in (a). (d) Schematic showing the definition of the angular change represented in (b). (e) Schematic for defining
the speed represented in (c). (f) Mean speed vs angular change. The inset shows the momentum conservation diagram for a microtubule
changing direction: m, mass of the microtubule, v1, initial velocity, v2, final velocity, and p, momentum transfer from the molecular motors on
the substrate.
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scattering from a 24 nm diameter tube would be extremely
challenging using traditional goniometer-based systems, as in
such an experiment, the power of the field scattered at each
angle would be measured serially. By contrast, in SLIM, at each
pixel on the detector, the fields scattered at various angles add
up coherently. As a result, SLIM is a much more sensitive
scattering measurement than any of the traditional methods.46

Of course, the microtubules are pure phase objects, completely
invisible to bright-field imaging systems. It is the result of the
interferometric scheme and the phase retrieval process that we
can detect such extremely thin objects.
Compared to fluorescence methods, SLIM is not bound by

phototoxicity and, thus, can be used to imagine over virtually
indefinitely long time scales. The quantitative information
allows us to describe the microtubule transport via a diffusion-
advection equation that governs the fluctuations of mass
density. We found that, over a broad interval of spatial
frequencies, q, the dispersion relationship that describes the
motion is essentially linear: Γ(q) = Δνq is consistent with the
active transport expected from molecular motors. The
proportionality constant Δv represents the width of the velocity
distribution. Note that this analysis does not require individual
tracking of the microtubules, but, rather, is an automated form
of analysis that operates on the entire time-resolved image
stack. As the Fourier transform needs only to be taken for new
frames, the analysis is extremely fast, on the order of 400 ms for
a 128 frame window, with 4 megapixels at each time point.

Imaging the gliding process over 2 h, we discovered that the
velocity standard deviation decreases linearly in time. Thus, we
measured microtubule deceleration using the same sample. The
two motor domains of kinesin act as enzymes which produce
work by spending ATP. We expect kinesin to follow
Michaelis−Menten kinetics, just like any other enzymes,
where the catalytic rate of kinesin (in this case velocity)
increases as a function of substrate concentration (ATP).47,48

Thus, the deceleration can be explained by ATP depletion. We
anticipate that these type of data will be very informative in
studying molecular motor mechanical work vs ATP concen-
tration and other factors such as molecular loads (e.g.,
fluorescent tags).
Ultimately, we aim to use SLIM for imaging microtubule

kinetics in live cells. Because of the heterogeneous background
introduced by the cytoplasm, we expect imaging phase shifts
associated with single microtubules inside cells to be more
challenging. However, using the fluorescence channel, we can
locate the microtubules and optimize our data acquisition and
numerical processing to extract quantitative microtubule
information from live cells. These studies are the subject of
current efforts.

METHODS
Spatial Light Interference Microscopy (SLIM). In s SLIM, a

phase ring conjugate to the pupil plane is used to introduce sequential
phase shifts between the scattered and transmitted components of the
object perturbed field. Here we used a modified version of the design

Figure 5. Long-term imaging reveals deceleration of microtubules. (a) The dispersion relation is computed over a temporal window of 128
frames for each time point in the series. In short, the method involves taking the 2D Fourier transform of each image and computing the
decay (or temporal bandwidth) at each spatial frequency. After the isotropic assumption, the volumetric data are reduced to a single
dimension. When the window is advanced, one of the old Fourier transforms is discarded, and the bandwidth is recomputed. (b) Microtubule
gliding velocity standard deviation was calculated using DPS, on a rolling basis over approximately 15,000 frames, taken 0.475 s apart. (c) In
this run, after 20 min, the spread of the velocity distribution begins to decrease, with virtually no significant motion after the 60 min mark. (d)
DPS signals vs time shows continuous change in slope.
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in ref 35 to reduce light loss by replacing the beam splitter with
custom-built optics (CellVista Pro, Phi Optics, Inc., L3 and L4 in
Figure 1 are custom). Here a polarizer is used to linearize the light (P),
which is then modulated by a phase-only reflection SLM. These four
recorded images represent four equations with four unknowns, which
are solved to obtain the phase difference between the transmitted and
scattered fields (ϕac). As outlined in ref 49, they can be further distilled
to obtain the phase associated with the object (ϕ), with the
reconstructed image displayed in real-time.50

For this experiment, the SLIM module was coupled to a Zeiss
Observer Z1. All imaging was conducted with a 63× oil immersion
objective (NA = 1.4, PN 420781-9910 PC3). To enable faster
acquisition at maximal fields of view, we choose a sCMOS camera
(Zyla 5.5, 1.4 eV readout with air-cooling), along with a high-speed
SLM (Meadowlark, XY 512 series). The central wavelength was
observed to be at 590 nm (HLX 64625, NAED 54248 stock halogen
lamp) and is approximately colocated with the peak of the camera’s
quantum efficiency curve.
Sample Preparation and Experimental Protocol. SLIM images

used in the gliding assay were acquired at 6.25 frames per second with
10 and 30 ms used for SLM stabilization and exposure, respectively.
Although in principle, microtubules are visible at higher frame rates,
such as in the 16 frames per second live video stream used to locate
and focus the sample. In addition to an signal-to-noise concerns, for
reasons discussed in ref 30, total acquisition was limited to conserve
hard disk space.
The microtuble sample preperation protocol was insipired by ref 51.

In brief, microtubules were polymerized by adding 2 mM of guanosine
triphosphate (GTP) to 0.6 mg of bovine tubulin (HTS02-A,
Cytoskeleton Inc.), 1:8 ratio of porcine tubulin (T240-A, Cytoskeleton
Inc.) to porcine biotin-tubulin (T333P-A, Cytoskeleton Inc.) mixture
(1 biotin-tubublin for every 8 tubulin), or 1:8:25 ratio of porcine

tubulin to porcine biotin-tubulin to porcine Hilyte488 labeled tubulin
(RL-488M-A, Cytoskeleton Inc.). All tubulin mixtures were dissolved
in BRB80 buffer (80 mM piperazine-N,N′-bis(2-ethanesulfonic acid)
(PIPES), 1 mM MgCl2, 1 mM ethylene glycol-bis(β-aminoethyl
ether)-N,N,N′,N′-tetraacetic acid (EGTA), pH 6.8). The sample was
then incubated at 37 °C for 30 min. Microtubule stabilizing agent
(0.05 mM paclitaxel, TXD01, Cytoskeleton Inc.) was then added to
the sample with BRB80 buffer, and the sample was centrifuged at
15,000 g for 30 min to remove unpolymerized tubulin. The
microtubule is stored in 0.05 mM paclitaxel solution with 1 mM
GTP before the experiment.

For the microtubule gliding assay, the coverslip was coated with 5%
biotin-PEG and PEG (biotin-poly ethylene glycol). Streptavidin in the
concentration of 10 mg/mL was diluted in BRB80-BSA (80 mM
PIPES, 1 mM MgCl2, 1 mM EGTA, 8 mg/mL bovine serum albumin
(BSA) pH 6.8) 10× and added to the PEG-Biotin (PEG-biotin)
channel. Approximately, 0.1 μM C-terminus biotinylated-K432
kinesin-1 was used to bind to the streptavidin diluted in BRB80-
BSA. Thereafter, the chamber was washed with BRB80-BSA plus 0.2
mM of free biotin to saturate the unbound streptavidin on the surface.
Imaging buffer was prepared by 90 μL BRB80-BSA, 1 μL paclitaxel, 1
μL protocatechuate 3,4-dioxygen (PCD) (oxygen scavenging enzyme),
2 μL protocatechuate acid (PCA) (substrate for PCD), and 0.2 μL
THP (reducing agent, 71194, EMD Millipore). Next, previously
prepared microtubules were diluted at 50× and flowed into the sample
chamber with 2 mM of (final) ATP concentration.

Tracking Microtubules.Manual tracking was performed using the
MTrackJ plugin for Fiji.52,53 As all microtubules were moving, we
tracked all sizes. Figure 4 summarizes the primary outcome of this
procedure. Specifically, we applied a cumulative moving average
combined with a slight spatial high-pass before manual segmentation.54

In this case, the ith frame in the time lapse, is updated according to the
recurrence formula:

= + −f x y f x y f x y( , ) 0.1 ( , ) 0.9 ( , )i i 1 (2)

Although experiments were conducted with the raw SLIM image,
owing to the simplicity of the schemes outlined above, the filtering
method is now implemented in real-time. In the “live mode”, used to
setup the experiment, a rolling average is substituted with a five tap
median filter implemented as a per-pixel sorting network.55

Phase Shift from a Single Microtubule. In order to describe the
measured SLIM signal from a single microtubule, we start with the
inhomogeneous Helmholtz equation:

ω β ω β χ ω∇ + = −U n U Ur r r r( , ) ( , ) ( ) ( , )o o o
2 2 2 2

(3)

In eq 3, U is the scalar optical field with the sum between the incident
and scattered fields, U = U0 + U1, r is the spatial coordinate, ω the
angular (temporal) frequency, no is the refractive index of the
surrounding medium, χ is the scattering potential associated with a
microtubule χ(r) = n2 − no

2 with a refractive index of n2.
Because of their dimensions, scattering by microtubules can be well

described by the first-order Born approximation. Thus, on the right-
hand side, we replace the total field with the incident one, indicating
that the scattered field, U1, is only a small perturbation to the incident
field U0. Thus, eq 3 can be split into a homogeneous and
inhomogeneous portion, governing the incident and scattered fields,
respectively:

ω β ω∇ + =U n Ur r( , ) ( , ) 0o o
2

0
2 2

0 (4a)

ω β ω β χ ω∇ + = −U n U Ur r r r( , ) ( , ) ( ) ( , )o o o
2

1
2 2

1
2

0 (4b)

Taking the 3D Fourier transform with respect to r, eq 4b yields the
solution for the scattered field, right away:

ω
β χ

β
= −

ⓥ
−

U
U

k
k k

k
( , )

( ) ( )o

o
1

2
0

2 2
(5)

Figure 6. System response is removed to obtain the true refractive
index of gliding microtubules. The diffraction limit (a) results in
wide point spread function that is expected to reduce the measured
phase by a factor of 15, compared to the ideal phase (b). The
experimentally measured phase is computed by choosing regions of
interest (ROIs) in ImageJ and rotating them so that line profiles
can be drawn (c, red line). The mean of the microtubule maximum
heights was found to be approximately1.3 mrad, corresponding to a
refractive index of 1.48.
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In eq 5, ⓥ stands for the convolution in the 3D k-̅space, where k =

(k⊥,kz) is the wavevector, and β= − ⊥q kz o
2 2 , with k⊥ = |k⊥|.

Since SLIM measurements are performed in transmission, we
neglect the 1/(qz + kz) in eq 5. For a plane wave incident field along z,
U0(r,ω) = A(ω)eiβoz, U0(k;ω) = A(ω)·δ(k − βoz)̂, eq 5 becomes
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z z
1
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Taking the inverse Fourier transform of eq 6, with respect to kz, we
obtain the scattered field along the spatial axis. In order to calculate
this, note the following pairs of Fourier transforms with respect to the
z-axis:

χ β χ− ̂ ↔ β
⊥z z ek k( ) ( , )o

i zo (7a)
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↔ ≥
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i , 0
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where ↔ denotes a Fourier pair. Combining these results, we obtain
the following expression for the scattered field:

ω β ω χ β= − · −⊥ ⊥U z i A
e
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The total field after the object is
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Since the microtubule is much thinner than the depth of field of the
imaging system, there is no optical sectioning effect, and we can

assume β β= − ≃⊥q kz o o
2 2 . Using the central ordinate theorem, we

can establish that for such a thin object, the refractive index
information is integrated in z, namely, χ(k⊥,qz − β) = ∫ −Δ/2

Δ/2 χ(k⊥,z)
dz, where Δ is the diameter of the tube. As a result, the total field can
be written as

ω ω δ
β ω

= − Δ −β β
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[ ( ) ]i z o i z

o
2 2o o

(10)

The field is measured at the image plane, which can now be easily
obtained by Fourier transforming eq 10 with respect to k⊥:
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Clearly, for such a thin object, QPI is expected to produce
measurements of phase that are linear with the microtubule diameter
and refractive index:

ϕ β= Δ −x y n n x y n( , ) [ ( , ) ]o o o (12)

The diffraction limited resolution can be accounted for by
convolving the total field by a point spread function (PSF) h(x,y):

ω̲ ∝ ⓥϕU e h x yr( , ) ( , )i x y( , ) (13)

For small phase shifts, eq 13 yields an approximate relation, directly in
phase:

ϕ ω ϕ̲ ∝ ⓥx y h x yr( , ) ( , ) ( , ) (14)

where ϕ̲ represents the measured phase, which is expected to be
different from the phase shift ϕ, as result of the resolution limit. As
shown in Figure 6a, for isolated objects much smaller than the
resolution limit of the system, the field at the detector is dominated by
the influence of the PSF. For a NA = 1.4 objective, the ratio of the
peak phase value thus becomes ϕ̲/ϕ ≈ 0.065. Note that the PSF not
only blurs the image but also is expected to reduce the measured phase
value by ∼15 times (Figure 6b). This knowledge can then be used to
obtain a refined measure for the true refractive index of the
microtubule:

ϕ λ
π

= + ̲n n
h2omicrotuble (15)

As shown in Figure 6c, the experimentally measured refractive index is
1.475 at 590 nm.
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